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a b s t r a c t
Microcantilever sensors in the static mode are a promising technology for chemical and biological detection in liquid phase. However, despite their potential for arrayed operation, most demonstrations to date
have been performed with single devices due to the limitations of current methods for measuring cantilever displacement. We report a new readout technique using a curved semitransparent SU-8 cantilever
on a reflective substrate. The displacement is measured by analyzing the interference pattern in microscope images of the device. Multiple cantilevers are read out with a single microscope by translating
the stage to image each device before and after a chemical sample is introduced. Since the images are
precisely aligned in software, the position of the stage is not critical, and the image acquisition is rapid.
As a proof of principle, the cantilever displacement caused by pH variations or binding of homocysteine
is measured. The experiments are performed with 3, 5, or 8 parallel devices exposed either to the same
solution or to different sample concentrations. The minimal detectable displacement was determined
to be on the order of 1 nm. The presented design and readout method can potentially be adapted for
applications such as DNA hybridization assays or immunoassays in array format.
© 2010 Elsevier B.V. All rights reserved.

1. Introduction
Microcantilever sensors have been demonstrated as sensitive
tools for chemical and biological detection on chip [1–4]. Their
major advantages are small size, label-free detection of the analyte, and potential for arrayed operation. Microcantilevers can be
used in two different modes of operation: static and dynamic. In
the static mode, the binding of target molecules to the cantilever is
detected as a result of the surface stress and cantilever bending they
cause [5,6]. In the dynamic mode the cantilever is actuated and its
resonant frequency is determined. The binding of the molecules is
detected due to the mass change and resulting resonant frequency
shift [7,8]. Resonant cantilevers immersed in liquid suffer from high
damping losses and reduced sensitivity [1,9]. For this reason, the
dynamic mode is normally limited to the detection of gas-phase
samples, while the static mode can be used for both gas and liquid
samples.
One of the major difficulties of cantilever sensing in either mode
is the measurement of cantilever displacement. The most common method for this measurement is the optical lever approach
[3,10–14]. A focused laser beam is reflected off the cantilever sur-
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face, and captured by a PSD (Position Sensitive Detector). The
cantilever displacement causes movement of the laser spot on
the PSD and a change in its output voltage. This method is very
sensitive, but it requires elaborate free-space optics with precise
alignment of the laser beam to the device under test. Moreover, the
ratio of PSD signal to cantilever displacement depends on the exact
position of the laser spot on the cantilever. This ratio is unimportant for resonant frequency measurements, but it greatly impacts
static mode operation. For example, a change in PSD output due to
slight laser misalignment can be misinterpreted as cantilever bending. Since the alignment cannot be perfectly reproduced, the laser
must be kept aligned to the cantilever throughout the static mode
experiment. This precludes parallel measurements. If a cantilever
array is exposed to a sample, the response of only one device can
be captured. Custom-made arrays of lasers and PSDs for measuring several cantilevers in parallel have been demonstrated [12–14].
However, this approach leads to greatly increased instrumentation
complexity and difficulty of alignment. It is not feasible to increase
the number of lasers much further, while the number of cantilevers
on a chip can easily be in the hundreds or even thousands.
Another common method for measuring cantilever response
involves the integration of on-chip displacement sensors. This
approach not only allows multiple devices to be measured in
parallel, but also simplifies the external measurement setup. The
built-in sensors can be piezoresistive [15,16], piezoelectric [17,18],
capacitive [19,20], transistor-based [21], or optical [22–24]. Unfor-
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tunately, all of these technologies greatly increase the fabrication
complexity and cost of the cantilevers, which should be simple,
cheap and disposable. For cantilever arrays, multiple electrical or
optical connections must be made from the sensors to off-chip
components, complicating the packaging. Moreover, the resolution of the integrated displacement sensors is typically low due
to electrical noise. The output from the sensors is an electrical or
optical signal; converting that into actual displacement requires
calibration, which may change from device to device. Therefore,
comparing the results from multiple cantilevers may be problematic. The integrated sensor readout may be appropriate for
applications where portability is essential while the sensitivity,
repeatability, and cost are not primary concerns.
This paper presents a new readout technique for measuring
static mode displacement that makes use of the intrinsic curvature of SU-8 cantilevers. When the device is imaged with an optical
microscope under laser illumination, an interference pattern is
formed by light reflected off the cantilever and light reflected off the
substrate. The number and position of interference fringes depend
on the distance of the cantilever from the substrate; the cantilever’s
vertical displacement causes a horizontal fringe shift. This fringe
shift is extracted from digital images by an automated algorithm
and is used to calculate the displacement. The technique is demonstrated by measuring cantilever displacement caused by variations
in solution pH or by binding of homocysteine. Although actual
samples are detected, the main contribution of this paper is the
development of the interferometric readout method and not the
demonstration of pH or homocysteine sensors. The cantilevers can
ultimately be adapted for a variety of sensing application by using
an appropriate biomolecular coating as discussed in Section 5.
It should be noted that other interferometric techniques have
been used previously for measuring static cantilever displacement
[25–27]. However, these methods use elaborate optical setups;
also, the interference cavity is external to the chip since it is formed
between the cantilever surface and a reference mirror. This means
that the measurement is greatly affected by stage vibrations and
changes in the refractive index of the medium. In contrast, the interference cavity in this work is formed between the cantilever and the
substrate. Due to its short length and mechanical stability, this onchip cavity is much more immune to refractive index fluctuations
and stage vibrations.
Our approach overcomes most of the limitations of the displacement measurement methods described above. Instead of a
custom-made free-space optical setup, it uses a standard optical
microscope with a digital camera and a PC. Due to the interferometric nature of the measurement, it is immune to light source intensity
fluctuations and mechanical stage drifts. The alignment tolerance of
the microscope to the device under test is greatly relaxed. Provided
that the cantilever is somewhere in the field of view of the camera,
the image can be precisely aligned by a software algorithm. This
allows the microscope to be moved from cantilever to cantilever
to image an entire array before and after introducing a sample.
Therefore, the response of the whole array to the sample can be
captured with a single microscope. The fabrication of the interferometric cantilevers is relatively simple, and they require no external
connections. No sensor calibration is needed, and the results from
different devices can be directly compared (assuming a stable laser
wavelength).
The main limitation of our method is its poor temporal resolution due to the slow acquisition of digital images. It is only eligible
for static mode detection. In addition, it is better suited for measuring the final cantilever displacement rather than the evolution
of displacement over time if a large number of devices are monitored. However, based on the available literature on static mode
cantilever sensing, the final displacement value should be sufficient
for detection.

2. Design and operation
2.1. Device structure
The interferometric cantilever is made of a 2.2 !m thick SU-8
polymer layer on a Si substrate (Fig. 1a). Its nominal dimensions are
100 !m length and 20 !m width. It is coated with a 15 nm Au layer;
due to the small gold thickness, it remains transparent to visible
light. The reason for coating with a metal is to enable the thiol coupling chemistries used commonly for functionalizing cantilevers
with biomolecules [1,3,4]. The beam curves up due to stress gradient in the materials. Thus, the tip of the cantilever is approximately
1–2 !m above the substrate, depending on the processing conditions. Although out-of-plane curvature is typically undesirable in
microfabrication, in this case the curvature is actually needed in
order to form an interference pattern. In response to the detection
of a sample, the cantilever is expected to move up or down relative to its initial position but still remains some distance above the
substrate. For sample delivery, the device is capped with a PDMS
layer containing microfluidic channels above each cantilever. This
will be described later.
Although cantilever sensors are normally based on Si, SiO2 , or
Si3 N4 , there have been several demonstrations of SU-8 cantilevers
[9,16]. It was thereby shown that SU-8 is generally a suitable
material for this purpose both in terms of stability and surface functionalization. The interferometric readout method reported here
only requires a curved transparent beam above a reflective substrate. Therefore, it can readily be implemented with SiO2 or Si3 N4
cantilevers that have a stress gradient if polymeric material such as
SU-8 is undesirable for a given application.
The smallest gap between the cantilever and the substrate is
equal to the thickness of the sacrificial layer used to release the
cantilever. In the devices presented here, this gap is only ≈30 nm.
It may be possible with some solutions to create local attraction
of the two surfaces in the small gap region and therefore cause
“parasitic” cantilever bending. This potential problem can be easily rectified by increasing the sacrificial layer thickness to several
hundred nanometers. This would not appreciably affect the optical
properties of the device.
2.2. Principle of operation
Fig. 1b illustrates the formation of the interference pattern when
the cantilever is imaged with a microscope. An incident light beam
from the microscope illuminator is partly reflected by the cantilever
top and bottom surfaces, producing a beam with intensity I1 . The
incident beam also passes through the cantilever and reflects off
the substrate, producing a beam with intensity I2 . The phase difference between beams 1 and 2 is given by ! = 4"dn/" + !o , where
d is the distance between the cantilever and the substrate, " is the
optical wavelength, n is the refractive index, and !o is a constant.
The combined intensity of the reflected beams is given by Eq. (1):

!

Irefl = I1 + I2 + 2

!

I1 I2 cos(!) = I1 + I2 + 2

I1 I2 cos

" 4#dn
"

+ !o

#

(1)

Since the cantilever has an upward slope, the distance d
increases continuously at points along the cantilever. Therefore,
Irefl goes through consecutive interference maxima and minima,
producing an interference pattern along the cantilever (Fig. 1c).
In order to obtain high interference contrast, the microscope
light source must have a narrow spectral linewidth. White light
sources would create a continuum of interference patterns, flattening the image intensity. In this work, a solid state laser with nominal

Author's personal copy
247

S.T. Koev et al. / Sensors and Actuators B 146 (2010) 245–252

Fig. 1. (a) Schematic of cantilever. (b) Interference between light beams reflected off the cantilever and off the substrate. (c) Microscope image of a fabricated cantilever with
a visible interference pattern. (d) Intensity profile measured from cantilever image (solid line) and a least squares curve fit with R2 = 0.94 (dashed line).

wavelength of 660 nm is used as the microscope light source. The
laser beam is spatially decohered as described elsewhere [27] to
avoid producing a speckle pattern on the image. Sources with
somewhat broader spectra, such as LEDs and filtered incandescent
light bulbs, also produce visible interference patterns. However,
their interference contrast is lower than the one obtained with the
laser.
Changes in the interference pattern can be used to find the
cantilever vertical displacement upon the detection of a sample.
Counting the number of fringes (either minima or maxima) gives
a rough estimate of the cantilever tip height. Eq. (1) suggests that
each fringe corresponds to an elevation of "/(2n) = 248 nm, assuming that n = 1.33 (water) and " = 660 nm. Large displacements can
be estimated by multiplying the change in number of fringes by
248 nm. A more precise determination of the displacement requires
a model of the expected cantilever height profile. Cantilevers bent
due to residual stress gradient or surface stress should have a
parabolic profile of the form d(x) = a(x − xo )2 [28], where xo is the
position of the cantilever base. Combining this expression with Eq.
(1) suggests that the intensity along the cantilever has the form
given by Eq. (2).
Irefl (x) = A + B cos(Cx2 + Dx + E)

(2)

Fig. 1d shows the measured image intensity along a cantilever and
a least squares curve fit based on Eq. (2). Overall, the fit agrees
well with the measured data (R2 = 0.94), suggesting that the cantilever indeed has a parabolic profile. The intensity envelope of
the measured data is affected by the nonuniformity of the microscope illumination, and it deviates considerably from the fit (which
assumes uniform illumination). However, the spacing between the
interference fringes is determined mainly by the cantilever height
profile and is consistent with the fit.
Theoretically, curve fitting can be used for extracting cantilever
displacement with much better resolution than the simple fringe
counting. However, in practice it has two drawbacks. First, it is
difficult to automate because it requires an initial guess. Second,
it can introduce appreciable error due to changes in the intensity envelopes of image taken before and after sample detection.
We developed another method for measuring small displacements
which is more suitable for automation and less sensitive to nonuni-

form illumination. It is based on measuring the lateral fringe shift
that occurs when the cantilever is vertically displaced.
Fig. 2a illustrates a cantilever with an initial height profile C1
that undergoes displacement into final profile C2 . The horizontal
dashed lines represent heights that fulfill the phase conditions for
interference fringes. The schematic shows that the downward displacement of the cantilever causes the fringes on the microscope
image to move to the right. For example, the fringe of order m moves
by $x. The displacement labeled $d1 is given by $x·tan(%). Assuming the cantilever has a parabolic height profile and the height is
much smaller than its length (L), the displacement at the tip is given
by Eq. (3):
$d = $d1

L2
(L − t)

2

= $x tan(%)

L2
(L − t)

2

≈ $x

fy
L2
fx (L − t)2

(3)

The fringe shift ($x) and the distance of the fringe from the
cantilever tip (t) are measured from the initial and final images of
the cantilever by an automated algorithm as described later. The
local slope tan(%) cannot be measured directly, but it is approximated by the ratio of the vertical spacing to the horizontal spacing
between the fringes on the initial cantilever image, i.e. tan(%) ≈ fy /fx .
The error resulting from this approximation will be addressed in
Section 4.3. Therefore, the cantilever vertical displacement can be
determined based on parameters measured from the microscope
images.
2.3. Image registration and fringe shift measurement
To enable rapid measurement of cantilever displacement from
the interference images, an automated procedure is necessary for
extracting the fringe shift. This is performed by a custom MATLAB
program with a graphical user interface. The user selects 2 regions
of interest (ROI) with the mouse on each image as shown in Fig. 2b.
ROI 1 and 2 contain the fringe whose shift is to be found. An interference minimum is selected here, but a maximum can also be used.
ROI 3 contains an adjacent fringe, which serves for finding the fringe
spacing and cantilever slope in the initial image. ROI 4 is an alignment feature which enables registration of the images. Although
the ROIs are defined manually by the user, the procedure does not
require precise selection and takes only a few seconds; the reason
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Fig. 2. (a) Geometry used for calculating cantilever displacement from horizontal fringe shift. (b) Initial and final images of a cantilever displaced downward due to change
in solution pH. The interference fringes move to the right. The regions of interest 1–4 are selected by the user with the mouse.

for that is that the high-precision measurement is achieved by the
algorithm described next.
First, the final image is registered to the initial image since
the cantilever may be in a different position within each image
due to microscope stage translation. The registration is performed by a well-known method based on the normalized
cross-correlation function [29]. Briefly, the coordinates of maximum cross-correlation of ROI 4 (alignment feature) with the initial
image are found. This gives the offset that must be applied to the
final image to align it with the initial image. The image registration
approach is also used for measuring the distance between fringes.
The peak cross-correlation between ROI 1 and ROI 2 is found, yielding the fringe shift from initial to final image ($x). Similarly, the
peak cross-correlation between ROI 1 and ROI 3 gives the fringe
spacing in the initial image (fx ). Finally, the position of the fringe in
ROI 2 is found by a peak-detection function and is used to determine
the distance of the fringe from the cantilever tip (t). The described
algorithm provides all the parameters needed in Eq. (3) to calculate
cantilever displacement.
3. Fabrication and packaging
The fabrication of the cantilevers is described in detail in our
earlier work on waveguide-based readout [30]. The devices presented there have a different principle of operation and different
layout, but their fabrication process is the same. Control of the cantilever curvature during fabrication is essential. If the curvature is
too small, the interference fringes are broad and difficult to locate. If
the curvature is too large, the interference fringes are closely spaced
and the resolution of displacement measurements is reduced; in
addition, the cantilever may extend beyond the depth of focus of
the microscope. It was found that curvature between 0.2 mm−1 and
0.4 mm−1 works well for 100 !m long cantilevers. This corresponds
to a height of the cantilever tip above the substrate of 1–2 !m and
results in an interference pattern with 4–8 fringes.
The cantilever curvature is caused mainly by two factors: residual stress gradient in the SU-8 and swelling of the SU-8 in liquid.
It has been shown that the residual stress gradient is caused by
the variation of cross-linking density across the SU-8 thickness,
which results from gradients in bake temperature and UV exposure
intensity [31]. Therefore, the stress gradient depends on the baking
temperature and method (hotplate or oven) and on the exposure
dose. Using the SU-8 recipe reported earlier [30], the curvature due
to the residual stress gradient was less than 0.1 mm−1 for dried
cantilevers in air. The remaining contribution to cantilever curvature is due to the swelling of SU-8 when it is immersed in water.
The top cantilever surface is covered by metal and does not swell
as much as the bottom surface, which is uncoated. This creates a

strain gradient and upward beam bending, resulting in a curvature in the range 0.2–0.4 mm−1 . As expected, the curvature varies
slightly between wafers and between cantilevers on the same wafer
due to subtle differences in SU-8 thickness and processing conditions. This has negligible effect on the displacement measurements
since each cantilever is referenced to its own initial position.
The water absorption and swelling of SU-8 exhibit a transient response. When a dried cantilever is immersed in water, its
curvature increases gradually and reaches equilibrium in several
minutes; after that, the cantilever remains stable, and there is no
measurable drift. This behavior has also been reported by others. Hill et al. [32] observed that an SU-8 membrane immersed in
water drifted at a decreasing rate consistent with a Fickian diffusion
model and eventually reached a steady state. Hossenlopp et al. [33]
quantitatively studied the water absorption of a 10 !m thick SU-8
film using a quartz resonator and concluded that the film attains
equilibrium after approximately 7 min. These results confirm that
the SU-8 structures are stable in water if they are given enough
time to equilibrate.
The adhesion of SU-8 to the Si substrate in our process was excellent and was not noticeably affected by swelling. No delamination
was observed even for devices that were immersed in water for
months. Adhesion failure of SU-8 is a commonly reported issue for
high aspect ratio structures or large layer thicknesses. The structures used in this work do not fall under either of these categories.
The chips are packaged with a PDMS polymer layer, which
defines a separate microfluidic channel over each cantilever
(Fig. 2a). The channels are 100 !m deep and 500 !m wide. Prior to
packaging, the chips are cleaned by immersion in dilute HCl (concentration 1%, w/w) for 5 min followed by immersion in DI water
for 10 min. The PDMS layer is fabricated as described in Ref. [30] and
then is aligned on top of the chip while it is kept wet. The PDMS
is secured in place with a custom-made clamp that has the appropriate window to allow top-down imaging of the cantilevers with
the microscope (Fig. 3b and c). Each channel has an input well as
defined by a hole in the PDMS layer and an output capillary connected to Tygon tubing. The sample is placed in the input well with
a pipette, and it is sucked into the channel over the cantilever by
applying vacuum to the output tubing with a syringe.
4. Measurement results
Two different types of samples were used to demonstrate the
measurement of cantilever displacement: dilute hydrochloric acid
(HCl) and homocysteine (HC). The samples were dissolved in deionized water (DI) with varying concentrations. First, DI is introduced
into the channels; initial images of each cantilever are taken with
the microscope by translating the stage. Then, the samples are
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Fig. 3. (a) Layout of fluidic channels. (b) Cross-section schematic of packaged device along a channel. The PDMS is held in place by a clamp consisting of magnetic base,
plexiglass cover, and ferromagnetic piece. (c) Top-down photograph of fully packaged chip (width is 2.5 cm).

introduced into the channels. Care is taken to avoid overfilling the
input wells and cross-contaminating the samples. Next, images of
the displaced cantilevers are taken and saved. Finally, the images
are analyzed by the method described in Section 2 to extract the
displacement.
All images are acquired at either 20× or 40× optical magnification using a microscope with a manual X-Y stage (Mitutoyo FS70).
The camera has 3840 × 3072 pixels (Nikon DXM1200). The resulting image resolution is either 9 or 18 pixels/!m. The microscope’s
white light source was replaced with a 130 mW diode laser operating at 660 nm (Mitsubishi Electric, Cypress, CA). The laser beam
is fed through a spinning diffuser to reduce its spatial coherence
and guided into the microscope port with a fiber optic bundle.
This custom-made light source is described in detail elsewhere
[27].
4.1. Testing with HCl
The gold coated SU-8 cantilever bends down in response to
acidic solutions. This effect is probably due to shrinking of the polymer. The bottom of the cantilever is uncoated and shrinks more
than the top, which is covered by the metal layer. This pH dependent behavior was used to emulate the cantilever displacement
that would occur upon detection of a chemical or biological sample. HCl was dissolved in DI to make solutions with a range of pH
values from 0.86 to 4.16. There was a 5 min waiting period between
injecting the sample and acquiring the image. The liquid settling
time is on the order of several seconds, and the cantilever response
time to pH changes was observed to be less than 1 min. The 5 min
waiting period ensures that the cantilever has reached equilibrium,
although it may be longer than necessary.
Three neighboring cantilevers were imaged in DI and then in
samples with decreasing pH. For this experiment, a modified version of the PDMS layer was used such that all cantilevers are
in the same fluidic channel. This reduced the number of sample
injections needed by a factor of 3. The measured displacements
are shown in Fig. 4a (labeled as single-channel experiments). The
responses of the 3 devices are quite similar. The observed variations
in pH sensitivity are probably due to slight differences in cantilever
dimensions and material properties.
Note that one cantilever can be used for detecting multiple consecutive samples if the pH of each sample is lower than that of the
previous (as in Fig. 4). However, we observed that if a low pH sample is tested first (i.e. high HCl concentration), the acid absorbed
in the SU-8 and PDMS affects the response to subsequent samples with higher pH. In this case, the device can be cleaned and

reused by unpackaging it, immersing it in DI water for 10 min, and
repackaging it with fresh PDMS.
Next, a chip with 8 cantilevers was tested over the same range of
pH values. In this case, each device was in a separate fluidic channel and was exposed to a single sample. In other words, the pH
sweep is performed spatially instead of temporally. The measured
displacements are shown in Fig. 4a (labeled as multi-channel experiment), and they agree reasonably well with the results from the
single-channel test.
The refractive index of HCl is slightly higher than that of DI
water, and it may introduce some error in the measurements. The
highest refractive index here is that of the highest HCl concentration, which is 0.137 M (pH 0.86). Reported index values of 1.33502
for 0.239 M HCl [34] and 1.33302 for water [34,35] were found in
literature. This difference would cause an offset of −3 nm in the
displacement measurement (in our convention, downward displacement is positive). Therefore, the error due to the refractive
index change is negligible in this case.
If small cantilever displacements or highly concentrated samples are measured, the error can be corrected by taking into account
the appropriate refractive indices.
4.2. Testing with homocysteine
The second type of sample detected with the cantilevers is
homocysteine. This is an amino acid with a thiol functional group,
which has a high binding affinity for gold. Thiol compounds
are known to form monolayers on gold surfaces [36] and cre-

Fig. 4. Measured displacements of cantilevers exposed to samples with different
pH. High pH samples injected first followed by low pH samples. Error bars based on
measurement error described in Section 4.3.
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parameters, and a representative value from literature was used
here. For more accurate conversion, the Young’s modulus must be
tested for the particular process conditions. A variety of techniques
have been developed for characterizing the mechanical properties
of SU-8 elsewhere [40–42].
Next, 5 cantilevers on a single chip were tested with the same
sample concentration (1 mM) as shown in Fig. 5b. The responses are
overall very similar, and the variations can be attributed to small
differences in cantilever stiffness and gold surface properties. It has
been shown that the density of thiol monolayers is greatly affected
by defects and contamination of the gold layer [36]. The results presented here are from devices used for detection only once. Larger
variations in response were observed when using cantilevers that
were cleaned and used for homocysteine detection multiple times
(not shown here), presumably due to increasing contamination. The
cleaning in these cases was performed by unpackaging the device
and immersing it in dilute HCl as described in Section 4.3 for new
devices. Although the cleaning did not produce repeatable results,
the cantilever is compatible with MEMS batch microfabrication and
is extremely low-cost. For this reason, even a single-use, disposable
sensor would be acceptable.
Finally, the responses of 5 cantilevers on a single chip were
tested, exposing each device to a different homocysteine concentration. There is a clear trend of increasing displacement with
concentration (Fig. 5c). This kind of behavior is expected based on
the first order kinetics model of thiol assembly [38].
The results demonstrate the ability of our readout method to
measure multiple cantilevers in parallel. If this experiment was
performed with the conventional PSD method, the reader would
have to capture the entire response of one cantilever (∼1 h) before
moving to another due to the tight alignment tolerances. Therefore,
the total experimental time would be 5 h. Using our method, the
responses of all 5 cantilevers are captured in 1 h because the alignment is not critical and the reader can be moved between devices
that are simultaneously exposed to samples. Clearly, the ability for
parallel measurements would be even more beneficial for larger
numbers of cantilevers or longer sample exposure times.
Fig. 5. (a) Response of a single cantilever to 1 mM homocysteine solution. (b)
Responses of 5 identical cantilevers to 1 mM homocysteine solution. (c) Responses
of 5 identical cantilevers to homocysteine solutions with varying concentrations. (In
b and c, the sample is introduced at time 0.) Error bars based on measurement error
described in Section 4.3.

ate compressive stress that bends the cantilever down [9,37].
The samples were prepared by dissolving homocysteine powder
(Sigma–Aldrich, USA) in DI water.
A single cantilever was tested first to estimate the characteristic timescale of the detection. Fig. 5a shows the measured
response to 1 mM solution (the displacement is downward). It
has the form of exponential rise to max, which is consistent with
the first order kinetics model of the thiol assembly [38]. Approximately 32 min after the sample injection, the sample was flushed
and replaced with DI water. Note that there is no abrupt change in
displacement at that point, verifying that the difference in refractive index between DI and homocysteine solution is negligible.
The displacement decreases gradually after that, probably due to
some detachment of homocysteine from the gold surface. The
measured max displacement is 370 nm. Using the Stoney equation [39] with our cantilever dimensions and the typical Young’s
modulus of SU-8 (≈2 GPa) [40], a surface stress of 0.15 N/m due
to homocysteine assembly was estimated. This value is within the
range 0.08–0.25 N/m, which has been reported in literature for thiol
compounds with varying chain lengths [37]. The above conversion of displacement into surface stress is only approximate since
the Young’s modulus of SU-8 varies considerably with fabrication

4.3. Measurement error
The error in the interferometric measurements of cantilever displacement can be divided into random and systematic. The random
error is due to uncontrollable variations in the measurement setup,
such as small changes in microscope focusing and sample positioning, camera noise, and wavelength fluctuations. It was estimated
to be less than ±1 nm, leading to a minimal detectable cantilever
displacement of 1 nm. The systematic error is mainly due to the
slope approximation used in Eq. (3). Its value depends on the exact
cantilever profile, and it was estimated to be less that 6% of displacement for the cantilevers used here. The characterization of
both types of error is presented in detail as Supplementary Material
online.
5. Discussion
The detection of homocysteine and pH changes has little practical significance; it was performed only to demonstrate our device
and displacement measurement method. It has already been shown
that cantilevers in the static mode are useful tools for biochemical applications. For example, they can detect DNA hybridization
[5,6,11,14,26], binding of antigens to antibodies [4,21,43,44], and
binding of substrates to enzymes [45,46] by using an appropriate
surface coating. The displacements observed in these experiments
(10 s of nm) are well above the detection limit of our method (1 nm)
and occur over relatively slow timescales (10 s of min). The can-
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tilever position is usually measured continuously, but the initial
and final displacement values are sufficient to indicate a binding
event. Therefore, our interferometric method can be used to perform cantilever-based biochemical detection experiments in array
format.
When discussing the potential for cantilever arrays, it is instructive to consider the fluorescent DNA microarray [47], which is the
workhorse of modern molecular biology. This device is based on
a simple, disposable chip with thousands of sites and an external
scanner that sequentially images all the sites. One scan is sufficient to detect the binding events at each site. Hence, the scan
time is not critical and the array can be made very large, leading to massively parallel experiments. Our interferometric readout
method can be used to measure cantilever arrays in a similar manner. Although the fluorescent microarray is an extremely successful
technology, it has one major flaw: the target molecules must be fluorescently labeled. This complicates sample preparation. Moreover,
in the case of protein microarrays, the label can modify the properties of the target protein and reduce detection specificity [48].
Cantilever arrays would overcome that problem since they do not
require labeling.
The maximum number of measured cantilevers reported here is
8. Each device takes less than 1 min of measurement time, including taking initial and final images and processing them. Although
this is a modest demonstration, there is considerable room for
improvement. The image acquisition can be made much faster by
using a microscope with a motorized stage and automatic focus
adjustment. It can also be accelerated by placing the cantilevers
close to each other on the chip so that multiple devices fit in the
same image. Moreover, the need for taking initial images of each
device would be eliminated if the cantilevers are made more similar
to each other by improved fabrication process control. The image
processing algorithm can also be automated further to reduce the
amount of user input required by adding alignment marks on the
device.
The measurement resolution of our method can be improved
further, although, as discussed previously, it is already sufficient for
typical biochemical detection experiments. More uniform microscope illumination and automatic focus adjustment would reduce
the variability due to sample repositioning and refocusing. Higher
optical magnification and higher resolution cameras would reduce
the quantization error. Alternatively, more advanced image processing algorithms can be employed to detect sub-pixel fringe shifts
[49].
6. Conclusion
This paper presents a new microcantilever sensor design and
a method for measuring its displacement by tracking the interference fringes in its microscope image. We believe that this method
is feasible for high-throughput readout of cantilever arrays. Unlike
the conventional PSD-based readout approach, the alignment tolerance of the reader to the device is greatly relaxed, and the reader
can be moved between devices after the sample is introduced. This
allows the results of multiple parallel cantilever experiments to
be captured by a single reader. In contrast with the cantilevers
using integrated displacement sensors, our device is much simpler
to fabricate and does not require external electrical connections.
Moreover, our method is less prone to signal drifts and calibration
errors than both the integrated senor and PSD approaches due to
the interferometric nature of the measurements. The demonstrated
readout speed is still modest, but it can be greatly improved by further automation of the image acquisition and analysis. We hope
that this work is a step toward the realization of large label-free
microcantilever arrays that can supplement the existing fluorescent microarray technology.
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